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Abstract  18 

Plant health monitoring is devised as a new concept to elucidate in situ physiological 19 

processes. The need for increased food production to nourish the growing global 20 

population is inconsistent with the dramatic impact of climate change, which hinders crop 21 

health and exacerbates plant stress. In this context, wearable sensors play a crucial role in 22 

assessing plant stress. Herein, we present a low-cost 3D-printed hollow microneedle array 23 

(HMA) patch as a sampling device coupled with biosensors based on screen-printing 24 

technology, leading to affordable analysis of biomarkers in the plant fluid of a leaf. First, 25 

a refinement of the 3D-printing method showed a tip diameter of 25.9 ± 3.7 µm with a 26 

side hole diameter on the microneedle of 228.2 ± 18.6 µm using an affordable 3D printer 27 

(<500 EUR). Notably, the HMA patch withstanded the forces exerted by thumb pressing 28 

(i.e. 20-40 N). Subsequently, the holes of the HMA enabled the fluid extraction tested in 29 
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vitro and in vivo in plant leaves (i.e. 13.5 ± 1.1 µL). A paper-based sampling strategy 30 

adapted to the HMA allowed the collection of plant fluid. Finally, integrating the 31 

sampling device onto biosensors facilitated the in situ electrochemical analysis of plant 32 

health biomarkers (i.e. H2O2, glucose, and pH) and the electrochemical profiling of plants 33 

in five plant species. Overall, this electrochemical platform advances precise and versatile 34 

sensors for plant health monitoring. The wearable device can potentially improve 35 

precision farming practices, addressing the critical need for sustainable and resilient 36 

agriculture in changing environmental conditions. 37 

 38 

1. Introduction 39 

Crop health and food supply are worrying issues worldwide due to climate change and 40 

the growing population. On one side, climate change can cause plant diseases and extreme 41 

weather disasters, leading to plant stress, which dramatically influences crop production 42 

(Chaloner et al., 2021; Lesk et al., 2016; Singh et al., 2023). On the other hand, society 43 

needs to enhance agricultural production, increase crop yields, and reduce crop losses to 44 

meet the rising demand for food safety and quality (Chakraborty and Newton, 2011). 45 

These factors are driving the advancement of emerging technologies in crop management 46 

toward the detection of plant pathogens and the continuous monitoring of plant stress to 47 

ensure food security and agricultural sustainability (Giraldo et al., 2019; Li et al., 2020).  48 

Precision agriculture has risen as a crop management approach to increase crop yields 49 

and reduce costs by focusing on (near) real-time observation and analysis. Current 50 

methods mainly focus on image analysis of the whole crop (Lowenberg-Deboer and 51 

Erickson, 2019; Radoglou-Grammatikis et al., 2020). Thus, there is still the challenge of 52 

identifying localized stress in individual plants. In this direction, wearable and smart 53 

sensors can be used as scouts to gather crop information for timely decision-making (Lo 54 

Presti et al., 2023). These wearable devices have recently emerged as in vivo scavengers 55 

of plant health information (Lee et al., 2021). Therefore, there is a growing interest in 56 

developing technologies for real-time plant monitoring with tailored use in precision 57 

farming. 58 

Plant health monitoring is an emerging concept that allows tracking physical and/or 59 

(bio)chemical parameters in real time on or near the plant, ideally under non-invasive or 60 

minimally invasive conditions. In this way, wearable sensors have been reported for 61 

localized microclimate and plant growth monitoring (Nassar et al., 2018). Similarly, 62 

portable sensors have been developed for plant disease control (Mohammad-Razdari et 63 
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al., 2022). A rising field of action is the continuous biochemical monitoring of plant 64 

biomarkers for the in situ evaluation of plant health through the real-time analysis of 65 

hormones, ions, and reactive oxygen species, among others (Coatsworth et al., 2022). In 66 

this context, electrochemical sensors aim to address continuous monitoring of 67 

(bio)chemical signals at an affordable cost due to their miniaturization capability. 68 

Therefore, wearable electrochemical sensors have a huge potential to be exploited for 69 

plant health monitoring. Recently, electrochemical sensors have been reported for the 70 

detection of hormones such as salicylic acid (Bukhamsin et al., 2022; Wang et al., 2019), 71 

indole-3-acetic acid (Chen et al., 2023; Shao et al., 2023), abscisic acid (Wang et al., 72 

2021), other biomarkers such as nitrite and H2O2, (Mounesh et al., 2023b, 2023a) as well 73 

as for electrochemical fingerprinting (Yu et al., 2022). However, there are still challenges 74 

to be addressed to properly implement wearable electrochemical sensors in plant 75 

monitoring: (i) what type of wearable or implantable platform can be an effective 76 

interface between the plant and the sensor? (ii) what is the best fluid in a plant to monitor 77 

the biomarker? (iii) what biomarker correlates to abiotic or biotic stress?  78 

The apoplast, which encompasses the intercellular space, cell walls, and xylem, is a 79 

crucial component in plants. It is responsible for transporting nutrients and water and 80 

synthesizing and distributing hormones involved in plant defense against biotic and 81 

abiotic stresses, among other functions (Farvardin et al., 2020). Therefore, the apoplast 82 

fluid can be a relevant matrix for continuous biochemical analysis (e.g. in situ monitoring 83 

pH) to control the plant's health status (Geilfus, 2017).  84 

Microneedle-based arrays are a type of wearable platform used in electrochemical sensors 85 

for the minimally invasive analysis of biomarkers (Parrilla et al., 2023b) and drugs 86 

(Drăgan et al., 2023; Parrilla et al., 2023a) within the interstitial fluid of the human skin 87 

(Friedel et al., 2023). However, microneedle technology coupled with electrochemical 88 

sensors is less exploited in plant health monitoring. Therefore, we hypothesize that hollow 89 

microneedle arrays (HMA) patches can effectively access apoplast fluid by piercing a 90 

leaf, allowing subsequent biomarker analysis with an electrochemical sensor.  91 

The fabrication of HMA devices for sample extraction is a rising field in wearable and 92 

point-of-care test biosensors (Saifullah and Faraji Rad, 2023). The most common 93 

fabrication method is micro-molding, where the molds are prepared with time-consuming 94 

and complex photolithography procedures requiring advanced cleanroom facilities 95 

(Aldawood et al., 2021). While micro-molding is a successful technique for producing 96 
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solid microneedles, the fabrication of HMA using this method is demanding due to the 97 

difficulty of creating a channel through the microneedle.  98 

Manufacturing cost-effective HMAs for practical field deployment is critical to 99 

addressing this challenge. One aspect contributing to cost reduction is the rapid transition 100 

from laboratory-scale to mass production. Over the last decade, 3D printing has gained 101 

widespread adoption, accompanied by significant technological advancements, such as 102 

stereolithography, which has led to outstanding printing resolution at minimum costs 103 

(Dabbagh et al., 2021; Shahrubudin et al., 2019), even enabling the microengineering of 104 

microneedles (Detamornrat et al., 2022). Conversely, screen-printing technology is a 105 

well-known scalable manufacturing process for electrochemical sensors widely proved in 106 

fabricating glucose strips. Therefore, combining 3D printing and screen printing offers a 107 

scalable solution for manufacturing low-cost sensors for plant health monitoring (Fig. 1). 108 

Herein, we describe the fabrication of HMAs with an affordable 3D printer (<500 EUR) 109 

based on stereolithography reaching, for the first time, a tip sharpness of less than 30 µm. 110 

After a thorough characterization of the HMA, the piercing capability of the HMA was 111 

assessed. Subsequently, the HMA was evaluated for passive and active fluid extraction 112 

in vitro and in vivo using plant leaves, proving its ability to extract plant fluid. Finally, 113 

the HMA was integrated with a sensing platform based on screen-printed electrodes 114 

(SPE) for rapid and affordable in situ electrochemical profiling and analysis of 115 

biomarkers. The HMA and SPE were interfaced with a paper-based sampling pad that 116 

acts as a fluid collector and electrochemical cell. The device was tested for the 117 

electrochemical profiling of five plant species and detecting glucose, hydrogen peroxide, 118 

and pH in the plant leaves. The cost of an HMA/paper-based sampling device coupled to 119 

a SPE (HMAPS) is below 1 EUR, enabling the potential mass production of the devices 120 

and proving a leap forward in in situ plant (bio)chemical monitoring. Our device will 121 

enable the democratization of plant sensors, marking a significant advancement in plant 122 

monitoring for precision farming.  123 
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 124 

Fig. 1. Concept of laboratory design to mass-scale factory production of cost-effective 125 

hollow microneedle array (HMA) patches for fluid sampling and in situ electrochemical 126 

detection of plant biomarkers, enabled by a HMA paper-based sampling device coupled 127 

to screen-printed electrodes (HMAPS).  128 

 129 

2. Materials and methods 130 

The list of reagents and materials, instrumentation, and procedures, such as the fabrication 131 

of the 3D-printed HMA, characterization of the HMA insertion, SPE manufacturing, 132 

preparation of the hydrogen peroxide (H2O2), glucose, and pH sensors, assembly of the 133 

microneedles sensing patch with a paper-based sampling cell, among others, are included 134 

in the supplementary data.  135 

2.1. In vivo electrochemical detection of plant biomarkers and plant profiling 136 

HMAPS was used for the electrochemical detection of plant biomarkers (i.e. pH, H2O2, 137 

and glucose). A specific sensor was designed to analyze each biomarker and coupled to 138 

the HMA sampling device. For the plant profiling, a non-modified carbon working 139 

electrode was used. The HMAPS was inserted on the leaves of different plant species by 140 

active pressing to extract ca. 15 µL fluid to fill in the paper attached to the electrode’s 141 

surface, enabling a suitable electrochemical cell. For the analysis of pH, H2O2, and 142 

glucose, a specific sensor was integrated into the HMAPS and followed the same sample 143 

extraction procedure.  144 

The HMAPS, as a sampling tool, was validated by extracting the leaf fluid and measuring 145 

the analyte with an analytical method. First, a piece of the leaf is cut and inserted in a 1.5 146 

mL tube. Thereafter, the sample was centrifuged at 1000 rpm for 5 minutes. The fluid 147 

(i.e. supernatant) is subsequently analyzed by a micro-pH meter or corresponding 148 

electrochemical sensor by depositing a sample drop on top of the sensor interfaced with 149 

a paper sampling device. 150 
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 151 

3. Results and discussion 152 

3.1. Printing optimization 153 

This study aims to fabricate HMAs with a simple, fast, and cost-effective 3D printing 154 

method offering high batch-to-batch reproducibility and the capability to penetrate the 155 

plant epidermis to extract >10 µL apoplastic fluid. To this end, the working procedure 156 

involved designing the HMA structure and dimensions (Fig. S1). A height of 1 mm in the 157 

design was selected to enable the penetration of the HMA through the external layers (i.e. 158 

cuticle and epidermis) of the plant leaf available in the laboratory and allow the extraction 159 

of the plant fluid where metabolic processes occur. The dimensions should vary 160 

depending on the plant leaf, but this can be easily tailored by the 3D-printer. After the 161 

printing process, the 3D-printed HMA was assessed through direct visual inspection to 162 

identify any printing defects or artifacts that might impact surface smoothness and the 163 

integrity of the hollow interior (Fig. S2A-D). For a more precise characterization, the 164 

height, width, tip diameter, and hole diameter of the HMA were measured with the optical 165 

microscope (Fig. S2E-F) and scanning electrochemical microscope (SEM) (Fig. 2A-B 166 

and Fig. S3). Additionally, specific printing parameters, such as the UV exposure time 167 

and the height layer, were evaluated. Interestingly, two HMA designs (base width of 800 168 

m and 600 m for designs 1 and 2, respectively) were printed to interrogate the printing 169 

capabilities of the 3D printer towards the smallest features in the microneedle (e.g. tip 170 

diameter and hole size) (Fig. S1 and Fig. S2E-F).  171 

Optimizing the 3D printing method involved several key parameters. The UV exposure 172 

time was a crucial factor as it significantly impacted the dimensions of the microneedles, 173 

particularly their height, hole, and tip diameters. An exposure time of 1 s resulted in sub-174 

optimal curing, leading to a shorter height and a larger tip diameter than expected (Fig. 175 

S4). However, a two second-exposure time generated a lower-than-expected hole 176 

diameter (Fig. S4). As a result, an exposure time of 1.5 s was selected as the optimal 177 

choice, resulting in lower deviations from the CAD (12, 3, 17, and 30% for the height, 178 

width, hole, and tip diameter, respectively) (Fig. 2C). It is worth noting that the average 179 

optimal tip diameter (i.e. 25.9 ± 3.7 µm) was only 4 µm away from the printer's resolution 180 

(xy 22 µm).  181 

The height layer is another parameter that influences the printing speed and, therefore, 182 

the scalability potential. Hence, a height layer of 20 µm and 30 µm were compared. For 183 

the latter, the tip diameter increased almost 2-fold, the hole diameter decreased 1.5-fold, 184 
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and the height decreased 1.2-fold (Fig. S5). These changes represented a 115%, -21%, 185 

and -18% difference from the CAD model (Fig. 2D), indicating dimensions lower than 186 

expected. Importantly, this variation in layer height had a minimal impact on the 187 

microneedles' width, which changed by less than 9% compared to the 20-µm layer height 188 

and exhibited a 6% difference from the CAD model. Consequently, a layer height of 20 189 

µm was selected as the optimal choice. 190 

The width of the microneedle is a relevant parameter to determine the overall sharpness, 191 

and thus the piercing capability, of a microneedle array. Comparing the two designs, the 192 

microneedles with a 600-µm base width displayed a  27% lower height and a 22% smaller 193 

hole diameter than expected (Fig. 2E). The tip diameter was only slightly smaller (23.6 194 

± 1.8 µm), with no significant difference from the tip diameter of the microneedles with 195 

an 800-µm base width. The printed microneedles achieved the expected width in both 196 

designs, with less than a 6% difference from the CAD model.  197 

After confirming that the printed HMA closely matched the CAD dimensions, we 198 

assessed the printing reproducibility using the Design 1 HMA. Several aspects were 199 

measured, such as the distance between microneedles in the array and the microneedles' 200 

height, width, hole, and tip diameter, using the optical microscope and SEM. We 201 

compared the dimensions of 5 different microneedles within the same patch (Table S1), 202 

between different patches (Table S2), and across several batches (Table S3). Following 203 

the evaluation of 100 microneedles, we determined that the relative standard deviation 204 

(RSD) for the distance between microneedles, microneedles’ height, and hole diameter 205 

was less than 3%, while the RSD for the tip diameter was 10% (Fig. 2F). These results 206 

are remarkable, particularly considering the fabrication method's simplicity, speed, and 207 

cost-effectiveness.  208 
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  209 

Fig. 2. Design and evaluation of the 3D-printing capabilities: A) SEM image of the HMA 210 

patch. B) SEM image of a hollow microneedle, inset from the top view of a hollow 211 

microneedle, showing the hole and tip sharpness. Optimization of the C) exposure time 212 

and D) height layer on the printing capability of a 3D-printed HMA patch (N=3). E) 213 

Comparison of the dimensions between Design 1 (800 µm base diameter) and Design 2 214 

(600 µm base diameter). F) Intra-batch reproducibility of the 3D-printing method (N=5). 215 

 216 

3.2. Mechanical characterization 217 

The paramount feature of the HMA patch lies in its capacity to penetrate a substrate while 218 

retaining its structural integrity. Therefore, the subsequent phase of our research focused 219 

on evaluating the mechanical robustness and post-piercing resilience of the 3D-printed 220 

HMA. Parafilm test was employed as an in vitro model for assessing the HMA's insertion 221 

capabilities (Larrañeta et al., 2014). Employing a universal testing machine, a range of 222 

forces (specifically, 20, 30, and 40 N) were applied to complete the insertion test. These 223 
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force levels align with the average forces reported during a 30-second thumb-pressing 224 

insertion (Larrañeta et al., 2014).  225 

The mechanical characterization of the HMA was performed on Design 1 and Design 2 226 

to evaluate the robustness of the HMAs, an essential parameter in microneedle devices. 227 

Fig. S6A depicts the displacement of the HMA patch by applying the forces. The 228 

displacement represents the insertion of the microneedles into the Parafilm layers in 229 

millimeters. Forces of 30 N and 40 N yielded similar penetration depth, specifically 798 230 

µm and 890 µm, respectively, for Design 1, compared to 20 N, which resulted in a 231 

penetration depth of 596 µm. Fig. S6B illustrates the displacement corresponding to a 232 

penetration depth of 639 µm, 778 µm, and 725 µm for 20, 30, and 40 N, respectively, for 233 

Design 2. It is worth noting that the reduction in penetration depth for Design 2, when 234 

applying a force of 40 N, already suggests potential microneedle deformation.  235 

The Parafilm test consists of piercing the HMA into a ten-layer folded Parafilm. Fig. S7 236 

shows the images of each pierced Parafilm layer at different applied forces using Design 237 

1. Fig. S8 depicts the results obtained in the Parafilm test employing Design 2. The 238 

penetration depth through the Parafilm test was determined by counting the holes at each 239 

layer (each layer accounts for 127 µm thickness), as shown in Fig. 3A for Design 1 and 240 

Fig. S9A for Design 2. Design 1 showed optimal insertion performance when forces of 241 

30 and 40 N were applied. In contrast, Design 2 displayed optimal insertion performance 242 

with 40 N. Both designs penetrated over 500 µm in almost 100% of the tested 243 

microneedles. These results are remarkably favorable for a 3D-printed HMA compared 244 

to previously reported 3D-printed HMA patches (Economidou et al., 2021; Mathew et al., 245 

2021; Uddin et al., 2020; Xenikakis et al., 2019). This outstanding performance can be 246 

attributed to the advanced printing capabilities of the 3D printer, which offers a xy 247 

resolution of 22 µm. The penetration depth into the Parafilm layers was also assessed by 248 

performing a transversal cut. Fig. 3B shows the measured depth by light microscopy 249 

corresponding to the images in Fig. 3C. Higher penetration values were obtained (i.e. up 250 

to 640.9±18.3 µm for 30 N), showing the excellent piercing capability of the 3D-printed 251 

HMA. 252 

The deformation of the HMAs was subsequently evaluated by light microscopy. Fig. 3D 253 

illustrates the images before and after the Parafilm test for Design 1. Fig. S9B shows the 254 

corresponding images before and after the Parafilm test for Design 2. Interestingly, no 255 

evidence of deformation was observed for Design 1. In contrast, Design 2 displayed a 256 

significant tip bending after the test. More specifically, the height reduction and tip 257 
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deformation were assessed in both Designs. As depicted in Fig. 3E, a minor decrease in 258 

the microneedle height was observed when applying 20 N. A higher reduction occurred 259 

when applying 30 N, and a significant reduction, particularly in Design 2, was observed 260 

when a force of 40 N was applied (i.e. 247.2 ± 29.8 µm). 261 

Similarly, tip deformation was most pronounced for Design 2 at 40 N (i.e. 186.5 ± 17.2 262 

µm) (Fig. 3F). This deformation can be attributed to the tip bending downwards as this 263 

design has a smaller structural profile and is more fragile. Notably, despite a slight height 264 

reduction and tip deformation observed for Design 1 after applying a force of 40 N (i.e. 265 

63.5 ± 6.8 µm and 28.8 ± 6.1 µm, respectively), the microneedles did not display 266 

significant deformation, demonstrating the suitability of this design for future 267 

applications. Based on these results, only Design 1 was selected as the optimal one to 268 

assess the extraction capabilities of the 3D-printed HMA. 269 
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 270 

Fig. 3. Evaluation of the mechanical strength and piercing capabilities using a universal 271 

testing machine on the Parafilm layers by applying forces of 20, 30, and 40 N. A) 272 

Percentage of holes created by the HMA patches observed after the Parafilm insertion 273 

test. B) Hole depth using the transversal cut test. All experiments were measured in 274 

triplicate in a single HMA patch. C) Transversal cut of the Parafilm layers. D) Optical 275 

microscope images of the hollow microneedle from Design 1 before and after performing 276 

the mechanical test. Evaluation of the deformation after the mechanical test in Parafilm, 277 

E) height reduction and F) tip deformation. 278 

 279 

3.3. Evaluation of the extraction capabilities  280 

3.3.1. Evaluation of the hydrophilic properties of the HMA 281 
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The primary aim of HMA is to serve as a sampling tool for extracting extracellular fluids 282 

in plants. The HMA was initially evaluated in a controlled solution setting to assess its 283 

efficacy. For visual interpretation, an aqueous solution containing 0.1 mg mL-1 of 284 

methylene blue was employed to determine the fluid uptake capacity of the HMA (see 285 

Fig. S10). The HMA is fabricated from a polymeric material with low hydrophilicity, so 286 

different assay conditions were also assessed. These conditions included using 5 mM 287 

Tween-20, 5 mM sodium dodecyl sulfate (SDS), 5 mM lactic acid, and 0.5% chitosan 288 

(CHI). Fig. S10A shows the reverse side of the patch following its placement on top of a 289 

75 µL droplet solution for 120 seconds. Fig. S10B shows the collected fluid by the HMAs 290 

after 120 seconds. As expected, the HMAs with the surfactants Tween-20 and SDS 291 

displayed the highest fluid uptake due to their enhanced surface hydrophilicity. 292 

Conversely, the other assay conditions made HMAs fill only the cavities within the patch. 293 

Consequently, the subsequent tests exclusively considered the surfactant-modified 294 

HMAs. 295 

A preliminary filter paper test was conducted to assess the performance of the paper-296 

based sampling device (Fig. S11). Fig. S11A illustrates the progression of fluid uptake 297 

through the cavities toward the paper during a 200-second interval. Fig. S11B showcases 298 

the rapid color change of the filter paper, quantified by the change in intensity. The HMA 299 

modified with surfactants demonstrated nearly instant wetting of the paper after 25 300 

seconds, in contrast to the non-modified HMA (i.e. water), which is not hydrophilic 301 

enough to bring the solution in contact with the paper.  302 

3.3.2. In vitro passive extraction of fluid by HMA 303 

Since the extracellular fluid is usually embedded within a matrix of cells, employing a 304 

fluid model falls short of replicating real-life conditions accurately. Hydrogels can be 305 

used to better mimic an in vitro scenario. This study employed a 4% agarose gel to test 306 

fluid extraction capability from a matrix. In this test, the paper piece was first soaked with 307 

CoCl2, which changes color from blue to pink and white upon contact with water 308 

molecules (Zhu et al., 2022). This method was chosen because it provided a more 309 

consistent color change than methylene blue-soaked paper (Fig S11A).  310 

Fig. 4A shows the results of a passive fluid extraction test on agarose hydrogel over  300 311 

s, which involved piercing the HMA into the hydrogel without applying pressure. Fig. 312 

4B depicts the color change, shifting from blue to pink-white, during the insertion of the 313 

HMA paper sampling device (HMAP). The unmodified HMA (i.e. using water) already 314 
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exhibited a slight color change with an increasing intensity, which might be attributed to 315 

the humidity from the channels on the HMA filled with solution from the agarose.  316 

Remarkably, adding surfactants resulted in a rapid color change, particularly after 60 s, 317 

with a plateau observed at 300 s. Therefore, surfactants clearly show an effect on fluid 318 

uptake. The type of surfactant used did not lead to a significant difference during the 319 

passive fluid uptake. A calibration curve was generated to quantify the volume of fluid 320 

that the device could uptake using the CoCl2-modified paper (Fig. S12A). This calibration 321 

curve demonstrated a linear relationship between 0.5 µL and 2.0 µL (Fig. S12B). Given 322 

that the HMAP exhibited an intensity of 0.8 at 300 seconds, surpassing the linearity 323 

threshold (i.e. 0.7 with 2.0 µL), it can be inferred that the HMAP can passively extract 324 

more than 2.0 µL of solution from the agarose hydrogel in 5 min. 325 

3.3.3. In vivo fluid extraction in plant leaves 326 

The HMAP aims to extract apoplast fluid from a plant leaf as a proof of concept. The 327 

plant leaf was selected because of its high surface and planar area which allows a 328 

successful insertion of the HMAP. Hence, the HMAP was tested for passive fluid 329 

extraction by piercing a leaf of Pilea peperomioides. Fig. 4C shows the time frames after 330 

the insertion of the HMAP on the leaf during 300 s. Fig. 4D illustrates the corresponding 331 

color change due to the potential fluid uptake from the leaf. In this case, Tween-20 was 332 

the optimal modifier exhibiting faster fluid uptake, reaching a plateau at 300 s with almost 333 

2 µL fluid uptake. The unmodified HMA displayed a solution uptake similar to that of 334 

the agarose test (i.e. 0.4 intensity). Fig. 4E illustrates a cross-sectional view of a 335 

microneedle inserted in a leaf (left image) and the resulting hole in the leaf after removing 336 

the HMAP (right image), demonstrating a minimal impact on the leaf´s integrity. 337 

The goal of the HMAP is to extract a sufficient volume of apoplast fluid from a plant leaf 338 

to saturate the filter paper and enable proper contact with the sensor for electrochemical 339 

analysis. Unfortunately, 2 µL is not enough volume to enable a full electrochemical cell 340 

in contact with the SPE for accurate electrochemical analysis. Thus, an active fluid 341 

extraction by keeping the thumb pressed on the leaf was pursued allowing to extract 342 

higher volume of fluid. Fig. 4F illustrates the collected volume after 30 seconds of active 343 

thumb pressing of the HMAP on a plant leaf. In this experiment, all HMA patches showed 344 

similar extraction capabilities. HMATween patches extracted 18.0 ± 3.3 µL, HMAWater 345 

extracted 13.5 ± 1.1 µL, and HMASDS extracted 12.6 ± 1.1 µL. In all cases, the volume 346 

extracted through active pressing was suitable to saturate the HMAP and enable an 347 

electrochemical cell for the biosensor.  348 
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 349 

Fig. 4. Assessment of the fluid uptake by the HMA patch sampling method using different 350 

modifiers. A) Images of the passive fluid uptake on an in vitro model (i.e. agarose 351 

hydrogel) by the HMA patch on the paper-based sampling coated with CoCl2, and B) 352 

quantitative analysis of the color changes from the images. C) Images of the passive fluid 353 

uptake on an in vivo model (i.e. Pilea peperomioides leaves) by the HMA patch on the 354 

paper-based sampling coated with CoCl2, and D) quantitative analysis of the color 355 

changes from the images. The RGB histogram plugin in ImageJ performs the color 356 

change quantification. E) Image of a transversal cut of a plant leaf inserted with a HMA 357 

patch (left) and image of the hole after removal of the HMA patch in a plant leaf. F) 358 

Quantification of the active fluid uptake after insertion and pressing of the modified and 359 

non-modified HMA patch into a plant leaf. All assays were performed in triplicate. 360 

 361 

3.4. Electrochemical sensing applications for plant health monitoring 362 

Screen-printing technology has enabled the democratization of electrochemical sensors 363 

by providing scalable and affordable fabrication of SPE. Integrating an SPE with an 364 
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HMAP as a sampling device can yield an affordable point-of-need test for in situ plant 365 

monitoring. Fig. 5A displays the construction of the HMAPS consisting of the HMA, a 366 

filter paper embedded in a spacer, and the SPE. The spacer is a double-sided adhesive 367 

that allows the HMA to stick to the SPE while keeping a paper-based electrochemical cell 368 

as an interface. The paper-based cell is filled with a smaller volume, which is crucial 369 

when dealing with low extraction volumes. It also traps biomacromolecules that might 370 

passivate the electrode’s surface while enabling the diffusion of small molecules toward 371 

the surface. To test the ability of the HMAPS for the detection of different plant 372 

biomarkers, the SPE was modified with Prussian blue (PB), PB with glucose oxidase 373 

(GOx), and polyaniline (PANI) for the detection of H2O2, glucose, and pH, respectively. 374 

H2O2 and pH are reporters of the stress level, and glucose is used as a metabolic biomarker 375 

(Coatsworth et al., 2022; Lo Presti et al., 2023). Moreover, unmodified SPEs were used 376 

on the HMAPS for voltammetric plant profiling. Notice that the full analytical 377 

characterization of the H2O2, glucose, and pH (bio)sensors has been previously reported 378 

by the authors and the same fabrication methodology is employed in this manuscript 379 

(Parrilla et al., 2022a; Steijlen et al., 2024). 380 

The evaluation of the paper-based sampling strategy was conducted. The HMAPS, 381 

without any modification of the SPE, was tested in buffer and potassium ferricyanide 382 

solution (i.e. 5 mM) to assess the impact of the paper sampling on the electrochemical 383 

response. Fig. S13A shows the cyclic voltammograms (CV) of ferricyanide obtained 384 

through two methods: the direct drop (80 µL) and the paper-based interface (15 µL). In 385 

both tests, the typical electrochemical behavior, characterized by the appearance of the 386 

two redox peaks from ferricyanide, was observed using a graphite-based SPE. The use of 387 

the paper-based sampling resulted in a 23.5% reduction in the current on the anodic peak 388 

(Ip). This effect can be attributed to a potential decrease in the electroactive area, likely 389 

due to interactions between some cellulose fibers and the electrode’s surface. Despite the 390 

reduction in current, it is worth noting that the peak potential (Ep) remained unchanged, 391 

which is crucial for maintaining the integrity of the electrochemical profiling.  392 

Fig. S13B depicts a repeatability test of 5 mM ferricyanide in the same electrode, 393 

demonstrating the viability of the paper-based sampling on the SPE. First, the 394 

electrochemical profile from the extracted fluid (without the HMAP) from the leaf of 395 

Pilea peperomioides was studied to evaluate the feasibility of the electrochemical 396 

profiling. Fig. S13C shows the CVs of fluid extracted by crushing the leaf (curve 2) and 397 

by centrifugating the leaf (curve 3). The obtained electrochemical profile depicted a broad 398 
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oxidation process at 0.7 V without successful profiling. However, when the paper 399 

interface was introduced on the surface of the SPE, an enriched electrochemical profile 400 

was unraveled, showing anodic and cathodic processes (Fig. S13D, curve 4). This effect 401 

can be explained by the paper's filtration step, which removes protein and other 402 

biomacromolecules that can be adsorbed at the surface of the SPE and cause biofouling. 403 

Importantly, we study the exertion of pressure on the paper to evaluate the effect on the 404 

electrochemical profile. Indeed, the oxidation peaks overlapped potentially due to 405 

increased resistance in the media (curve 5). Thus, the HMAPS was designed to prevent 406 

the paper from compressing during the tests by introducing a spacer in the paper cell. 407 

Finally, the positive filtration impact of the paper was assessed by extracting the plant 408 

fluid through the HMAP, centrifuging, and analyzing at the SPE (curve 6), depicting a 409 

well-defined electrochemical profile. Once the electrochemical profile was determined 410 

using the HMAPS, a reproducibility test was performed using three different HMAPS 411 

(Fig. S13E). The CVs showed three pronounced redox peaks (i.e. two anodic and one 412 

cathodic), proving the system's ability for plant profiling. 413 

Fig. 5B depicts five electrochemical profiles obtained from five different plants. 414 

Interestingly, the electrochemical profiles exhibited broad differences in the redox peaks 415 

and different ratios of peak intensities, meaning that different compounds and 416 

concentrations are involved in the profiling. Square-wave voltammetry (SWV) increased 417 

the peak resolution and separation in the electrochemical profiling. This technique has 418 

been widely used for the electrochemical profiling of electroactive compounds (Parrilla 419 

et al., 2022b). Fig. 5C and Fig. 5D show the anodic and cathodic scans for each plant, 420 

respectively. Similar results were obtained with CV, although SWV increased the 421 

profiling resolution at specific Ep, thus enabling an easy comparison of the plant profiles. 422 

Fig. 5E shows three profiles obtained by SWV by three different HMAPS in the same 423 

plant leaf (i.e. Pilea pepermioides). Three redox peaks characterize the electrochemical 424 

profile of Pilea peperomioides, i.e. Eox1 = 0.392 ± 0.015 V; Eox2 = 0.747 ± 0.009 V; and 425 

Ered1 = 0.060 ± 0.014 V. The impact of leaf health on the electrochemical profile was 426 

studied in three states: green leaves, transitioning from green to yellowish leaves, and 427 

entirely yellow leaves. A change in the redox peak potentials was observed when 428 

analyzing the apoplast fluid of the yellowish leaves (Fig. 5F). Eox1 and Eox2 shift toward 429 

higher potentials (Eox1=0.504± 0.001V; Eox2= 0.795± 0.003V) and Ered1 shifts toward 430 

more negative potentials (Ered1=0.016± 0.003V). It is suggested that these changes in the 431 
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Ep can be produced by a change in the pH of the apoplast (Geilfus, 2017), which in turn 432 

changes the electrochemical profile. 433 

The next step was to evaluate the ability of the HMAPS to in situ analyze relevant 434 

indicators for plant health monitoring. In the apoplast fluid, H2O2, glucose, and pH are 435 

significant indicators of plant health (Coatsworth et al., 2022). After the functionalization 436 

of the SPE (see details of the fabrication and characterization in the supplementary 437 

material), the biosensors were subsequently assessed by piercing the leaves of different 438 

plant species (i.e. Plant 1 - Pilea pepermioides and Plant 4 - Echeveria Raindrops) using 439 

the HMAPS configuration. In parallel, plant leaf fluid was extracted by standard methods 440 

(i.e. centrifugation) and analyzed with a biosensor without the HMAPS approach. Fig. 441 

5G shows the chronoamperograms for H2O2 detection gathered during the calibration 442 

curve from 10 to 100 µM and the analysis of the extracted fluid using centrifugation and 443 

HMAPS of Plant 4. Fig. S14A displays the corresponding calibration curve showing 444 

excellent linearity, which falls in the physiological range of H2O2 in plants (i.e. 10–100 445 

μM) (Giraldo et al., 2019; Lima et al., 2018) and a slope of -3.2 nA µM-1.  Fig. 5H 446 

illustrates the corresponding concentrations of the plant fluid extracted by the two 447 

methods showing a concentration of 111.7 ± 4.3 µM for Plant 1 and 45.0 ± 1.6 µM for 448 

Plant 4 using HMAPS. The analysis of H2O2 in Plant 1 exhibited a difference of 40.5 ± 449 

1.7 % between methods in the H2O2 concentration due to a potential delay in the analysis 450 

of the samples. In contrast, the levels of H2O2 in the leaf of Plant 4 were similar between 451 

both methods (12.5 ± 0.9 % difference between methods). However, an RSD of 1.6-2.3 452 

% between different biosensors/HMAPS proves the reliability of the electrochemical 453 

approach. It is thus highly relevant to develop a reliable extraction method of the apoplast 454 

fluid in the laboratory to validate the H2O2 levels properly. 455 

Similarly, Fig. 5I illustrates the chronoamperograms for glucose detection obtained 456 

during the calibration curve from 50 to 1500 µM and the analysis of the extracted fluid 457 

using centrifugation and HMAPS of Plant 1. Fig. S14B exhibits the corresponding 458 

calibration curve with the linearity falling in the physiological range of glucose in plants 459 

(i.e. 0.1–1000 μM) (Giraldo et al., 2019) and a slope of -0.6 nA µM-1. Fig. 5J shows the 460 

corresponding concentrations of the plant fluid extracted by the two methods showing a 461 

concentration of 544.4 ± 16.2 µM for Plant 1 and 1619.6 ± 247.1 µM for Plant 4 using 462 

HMAPS. A difference of 3.6 ± 3.2 % and 5.7 ± 5.6 % between the extracted fluid and the 463 

HMASP was obtained during the analysis of Plant 1 and Plant 4, respectively. Finally, 464 

the pH of the apoplast fluid of four plants was measured (Fig. 5K). The pH sensor was 465 
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previously analytically characterized by performing a reversibility test (Fig. S14C) 466 

exhibiting a linear range between pH5 and pH8 with a slope of -71.0 mV pH-1 (Fig. S14D) 467 

corresponding to a suitable indicator range for plant health events (i.e. pH 5.2 – pH 8.4)  468 

(Giraldo et al., 2019). The pH sensor provided values from 5.2 to 6.1, with Plant 4 and 469 

Plant 3 being the most (i.e. pH 5.2 ± 0.1) and least acidic (i.e. pH 6.1 ± 0.2), respectively. 470 

These values align with regular pH levels found in plants (Geilfus, 2017).  471 

Notably, various plants displayed varying levels of H2O2, glucose, and slightly distinct 472 

pH values in the apoplast fluid, indicating the significant variability in physiological 473 

processes within plants. The method presented in this study, HMAPS, serves as a proof 474 

of concept for the rapid, in situ detection of plant biomarkers, requiring minimal user 475 

intervention. Nevertheless, the investigation of the correlation between the insertion of 476 

the HMAPS and the biomarkers’ level needs to be performed to ensure that the 477 

mechanical action of disrupting the external layers of the leaf (i.e. cuticle and epidermis) 478 

does not affect the composition of the biomarkers for proper decision-making processes. 479 

As the HMAPS can be also applied for in-field analysis, a temperature variation algorithm 480 

would be needed to account for the electrochemical signal variation, and thus minimize 481 

analytical errors. 482 

 483 
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 484 

Fig. 5. In situ (bio)chemical plant health monitoring by the HMA/paper-based sampling 485 

device coupled to an electrochemical sensor (HMAPS). A) Illustration of the construction 486 

of the HMAPS showing the elements and the in-field testing. B) Evaluation of the capacity 487 

of the HMAPS for plant profiling by cyclic voltammetry (CV) in five different plant 488 

species. Electrochemical profiling of the five plant species by square-wave voltammetry 489 

(SWV) using C) the anodic and D) the cathodic profiling. E) Repeatability test of the 490 

electrochemical profiling on the leaves of Plant 1 (N=3). F) Evaluation of the 491 

electrochemical profiling on different healthy leaves of Plant 1 (green, yellow, and dried 492 

leaves). G) Chronoamperograms from the H2O2 sensor of standards and plant extracts 493 

by conventional method and the HMAPS system obtained during Plant 4 analysis. H) 494 

Comparison of the H2O2 levels found in Plant 1 and Plant 4 extracts using conventional 495 

and HMAPS methods. I) Chronoamperograms from the glucose biosensor of standards 496 
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and plant extracts by conventional extraction method and the HMAPS system obtained 497 

during Plant 1 analysis. H) Comparison of the glucose levels found in Plant 1 and Plant 498 

4 in the extracts using conventional and HMAPS methods. K) pH analysis of Plant 1, 2, 499 

3, and 4 extracts using a commercial micro glass pH meter and the HMAPS system 500 

modified with a PANI sensor (N=3). 501 

 502 

4. Conclusion 503 

We have developed a low-cost 3D-printed hollow microneedle array coupled with a 504 

screen-printed electrode (HMAPS) for the electrochemical health monitoring of plants. 505 

First, the agile production of high-resolution HMA utilizing low-cost 3D-printing 506 

methods has been presented. The fabrication process was optimized by fine-tuning critical 507 

parameters, including UV exposure time and layer height, to achieve a tip diameter of 508 

25.9 ± 3.7 µm using a cost-effective 3D printer (<500 EUR). An exposure time of 1.5 509 

seconds and a layer height of 20 µm were identified as the optimal choices for the 3D 510 

printing process. Mechanical characterization demonstrated the ability of the 3D-printed 511 

HMA to penetrate biological substrates while maintaining its structural integrity. The 512 

Parafilm test, simulating insertion into a plant's epidermis, showed robust insertion 513 

capabilities, with the 800-µm base design proving to be optimal. The study also assessed 514 

the HMA's ability to extract fluid both in vitro and in vivo. The HMA, when modified 515 

with surfactants, demonstrated effective passive fluid extraction from agarose hydrogel 516 

and plant leaves, highlighting its potential for sampling plant fluid.  517 

Electrochemical sensing applications were explored for plant health monitoring. The 518 

paper-based sampling method, integrated with graphite-based SPEs, provided reliable 519 

electrochemical profiling of different plants. The HMAPS effectively sampled plant fluid, 520 

and the SPEs, with various modifications, enabled the detection of H2O2, glucose, and 521 

pH. The method exhibited variations in the analyte levels among different plants, 522 

indicating the potential for plant health assessment in diverse contexts. Nevertheless, 523 

further testing on plant species and validation with standard methods will be performed 524 

to confirm the reliability of the sensing approach. 525 

Integrating 3D-printed HMAs with electrochemical sensing technology offers a 526 

promising avenue for rapid, on-site plant health monitoring. Further research must verify 527 

its reliability under varying conditions and stress factors. Nonetheless, this technology 528 

demonstrates significant potential to enhance our understanding of plant stress monitoring 529 
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and address the challenges associated with precise farming and crop management in 530 

changing climate conditions. 531 
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